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Bioﬁlm removal from biomaterials is of fundamental importance, and is especially relevant when
considering the problematic and deleterious impact of bioﬁlm infections on the inner surfaces of urinary
catheters. Catheter-associated urinary tract infections are the most common cause of hospital-acquired
infections and there are over 30 million Foley urinary catheters used annually in the USA. In this paper,
we present the design and optimization of urinary catheter prototypes capable of on-demand removal of
bioﬁlms from the inner luminal surface of catheters. The urinary catheters utilize 4 intra-wall inﬂation
lumens that are pressure-actuated to generate region-selective strains in the elastomeric urine lumen,
and thereby remove overlying bioﬁlms. A combination of ﬁnite-element modeling and prototype
fabrication was used to optimize the catheter design to generate greater than 30% strain in the majority
of the luminal surface when subjected to pressure. The catheter prototypes are able to remove greater
than 80% of a mixed community bioﬁlm of Proteus mirabilis and Escherichia coli on-demand, and
furthermore are able to remove the bioﬁlm repeatedly. Additionally, experiments with the prototypes
demonstrate that bioﬁlm debonding can be achieved upon application of both tensile and compressive
strains in the inner surface of the catheter. The fouling-release catheter offers the potential for a nonbiologic, non-antibiotic method to remove bioﬁlms and thereby for impacting the thus far intractable
problem of catheter-associated infections.
© 2015 Elsevier Ltd. All rights reserved.
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1. Introduction
Infection associated with the use of urinary catheters is a
pervasive and challenging issue in healthcare [1e6]. There are over
30 million urinary catheters used annually in the USA and catheterassociated urinary tract infections (CAUTIs) are the most common
type of nosocomial infections, which account for 30e40% of all
hospital infections and lead to over 50,000 deaths each year [7,8].
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Microbes such as bacteria colonize the surface of urinary catheters
very quickly and often form bioﬁlms in the drainage lumen of
catheters [9e15]. The formation of asymptomatic bioﬁlms in urinary catheters promotes development of symptomatic CAUTIs [8],
and nearly all patients that undergo catheterization for longer than
28 days will suffer some form of infection [8]. In addition, CAUTIs
also contribute to the alarming general increase in antibiotic
resistance due to horizontal gene transfer between bacteria within
bioﬁlms, and the frequent use of antibiotics in their treatment
[7,16e18].
Current commericially marketed strategies, such as killing
bacteria or delaying bacterial attachment [10,19,20], to reduce
infection induced by urinary catheters have been unsuccessful in
the long-term prevention of bioﬁlm formation which ultimately
leads to CAUTIs [7,8]. Although recent research on techniques to
prevent catheter infection such as bacterial interference [21] and
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phage delivery [22] show some promise, they are effective only
against speciﬁc bacterial strains which prohibitively increases the
difﬁculty of their implementation. Identiﬁcation of the infecting
strain(s) is not a typical clinical approach, and even more challenging is the huge variety of infectious microbes, both bacterial
and fungal [10]. Indeed, even the most recently discovered new
antibiotic is only effective on Gram positive bacteria [23]. Microtopography [4,24,25], permanently attached silicone oils [26,27],
hydrogels [8,28,29], polymer brushes [30,31], and ultrasound [32]
are other promising non-strain-speciﬁc strategies, but again they
only delay bioﬁlm formation for a short period and eventually a
bioﬁlm still forms. Moreover, the possible large cost to implement
them are a hindrance to their routine implementation in clinical
settings. Urinary catheters are commodity devices that cost
approximately $10 US; any additional technology that costs more
than pennies to implement would face a high barrier to enter the
urinary catheter market. Therefore, it is both practically important
and fundamentally interesting to propose a new kind of antifouling
or fouling release method to maintain catheters free of infectionpromoting bioﬁlms at minimal additional manufacturing cost.
With these considerations, we recently proposed an active
control approach, adapted from our work on marine bioﬁlms,
which uses inﬂation-generated strain of the elastomeric substrate
to debond overlying bioﬁlms [33,34]. We found that increasing the
strain in the substrate increases the energy release rate and thereby
increases the driving force for debonding of the bioﬁlm. We then
used 3D printing to fabricate proof-of-concept (POC) urinary
catheter prototypes that generate enough strain to successfully
debond and remove mature Proteus mirabilis bioﬁlm from their
interiors [34]. However, the POC prototypes left multiple questions
of practical signiﬁcance unresolved. The POC prototypes were less
than 7 cm long and over 1.4 cm diameter, which is much shorter
and stouter than the standard urinary catheter (25e42 cm long and
5e10 mm in diameter). Additionally, the POC prototypes had only
one intra-wall inﬂation lumen, resulting in straining and debonding of the bioﬁlm from only part of the surface (about 35% of the
intra-luminal perimeter). These limitations raised the following
questions: does the active control approach work well for the
length scales of a standard urinary catheter, in particular, with a
small diameter catheter, e.g., around 6 mm? Is it possible to remove
bioﬁlm from the full intra-luminal perimeter of the catheter?
Although our pilot study demonstrated that strain applied on the
substrate debonded a range of bioﬁlms [33,34], would the technique work with a mixed community bioﬁlm? Finally, we did not
know whether the substrate strain would repeatedly debond bioﬁlms (or if the approach would select from resilient bioﬁlms) to
allow long term use.
Here we present the design and a prototype of a urinary catheter
capable of repeated on-demand bioﬁlm removal. We hypothesized
that adjusting the number and position of intra-wall inﬂation lumens would allow inﬂation to generate sufﬁcient tensile strain to
debond bioﬁlms over the majority of the internal lumen perimeter.
We used successive rounds of ﬁnite element modeling to optimize
the predicted strain of catheter cross sectional proﬁles to ensure the
design fell within the fabrication capability of an industrial catheter
manufacturer. We then constructed prototypes with clinically
relevant dimensions using a combination of extrusion and 3D
printed reversed-mold fabrication techniques. Different materials
for the prototype catheter shaft were compared to determine the
ideal operational parameters for clinicians to manually inﬂate our
prototype. We further characterized the protoypes and compared
their inﬂation performance against our ﬁnite element models. The
prototype catheter, less than 7 mm in diameter (well within the
range of sizes available for clinical use) with four intra-wall inﬂation lumens, was able to achieve substrate strain over most of the

perimeter of the main drainage lumen, as well as along the full
length of the device. We hypothesized that prototypes would
debond a mixed community bioﬁlm of Escherichia coli and
P. mirabilis, two of the most common bacteria found in CAUTIs, and
we developed an artiﬁcial bladder ﬂow system to grow mature
bioﬁlms inside the main drainage lumen of prototype catheters.
Upon on-demand, inﬂation-generated actuation, the prototypes
dramatically removed the vast majority of the bioﬁlm along the full
length of the catheter. After that ﬁrst successful bioﬁlm removal, we
then regrew bioﬁlm within the catheter and demonstrated that
inﬂation-induced strain would indeed repeatedly remove bioﬁlm in
the catheter. Interestingly, upon dissection of the catheters, we
observed that areas that underwent compressive strain, as predicted by the ﬁnite element models, debonded bioﬁlm similarly to
areas that underwent tensile strain. In total, using currently available manufacturing techniques from a catheter manufacturer, we
developed a urinary catheter that allows the repeated and thorough removal of infectious bioﬁlms from its interior; we are thus
poised to impact the long-stagnant urinary catheter technology
market.
2. Materials and methods
2.1. Finite element modeling
Since catheters are relatively long compared to their crosssection dimensions, we simpliﬁed our design analysis to a planestrain problem. In our analysis, the proposed catheter designs
were modeled with the hybrid quadratic elements (CPE8MH) under plane-strain deformation using the software package, ABAQUS
6.12. Pressure was applied along the inner surfaces of the inﬂation
lumens while a free boundary condition was used along the outer
surface of the catheter to predict its radial displacements. Mesh
density was determined by a convergence study and 10,441
CPE8MH elements were used for the whole model. A nonlinear
solution method and geometric nonlinearity were adopted in the
analysis. We used a 0.2 mm thick wall between the inﬂation lumen
and the main lumen for models used for selecting the number of
inﬂation lumens. Finite element models of the fabricated tubing
used a 0.27 mm thick wall to reﬂect the actual dimensions achieved
by the extrusion vendor. Three different materials are used for the
catheters: 50 durometer silicone elastomer, 35 durometer silicone
elastomer, and a more rigid sheath of 65 durometer silicone elastomer (all durometers deﬁned per the type A scale), which were
tested using a tensile tester (MSA Inc., USA) and ﬁtted using the
Neo-Hookean model with shear modulus of 0.69 MPa, 0.52 MPa,
and 2.44 MPa, respectively (Fig. S1). The strains along the internal
surface of the drainage lumens and the average radial displacement
along the outer surface were calculated by the ﬁnite element model
for comparison against experimental results.
2.2. Preparation of prototypes
Vesta Inc. (Lanham, Maryland, USA) extruded silicone catheter
shaft components according to our speciﬁcations using Dow
Corning two-part, platinum-catalyzed Class VI silicone feedstock.
Vesta Inc. varied the silicone feedstock to achieve 35 and 50
durometer multi-lumen silicone main shafts and the 65 durometer
silicone sheath (all durometers deﬁned per the type A scale). In
instances where a sheath was used, we slip-ﬁt the sheath over the
main shaft using isopropyl alcohol. The inﬂation lumens were then
sealed at each end of the main shaft using Sil-Poxy® silicone adhesive (Smooth-on Inc., USA). We then skived 2 mm long holes out
of the outer walls of the inﬂation lumen approximately 1 cm from
the designated hub end of the shaft. Hub manifolds were prepared
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by pouring silicone (Dragon Skin 0020®, Smooth-On Inc., USA) into
a mold prepared by a 3D printer (Dimension SST 1200 ES, with
patterns generated using Solidworks 20131, Fig. S2). The inner
diameter of hubs was approximately 0.5 mm greater than the shaft
in order to create a manifold to allow simultaneous inﬂation of all
four lumens. Once cured, the hubs were removed from the molds
and then pierced and ﬁt with a male Tuohy-Borst connector to be
used for inﬂation. We ﬁt the hubs over the designated hub end of
the shaft and carefully glued the hub in place without occluding the
skived holes in the inﬂation lumens, thus allowing simultaneous
inﬂation of all four lumens via the Tuohy-Borst connector. Prototype performance was examined using optical video of on-end and
side-views of inﬂation. We then analyzed still images from the
video using ImageJ to characterize strain and dimensional parameters as a function of inﬂation pressure.
2.3. Bacteria strain and culture media
P. mirabilis 2573 (ATCC 49565) and E. coli K12 (ATCC 29425)
were thawed from frozen stock and cultivated overnight at 37  C on
separate tryptone soya broth agar slants which were stored at 4  C
and used for up to 2 weeks. The artiﬁcial urine media formulation
was composed of urea 25 g/L, sodium chloride 4.6 g/L, potassium
dihydrogen phosphate 2.8 g/L, disodium sulfate 2.3 g/L, potassium
chloride 1.6 g/L, ammonium chloride 1.0 g/L, magnesium chloride
hexahydrate 0.65 g/L, trisodium citrate dihydrate 0.65 g/L, calcium
chloride 0.49 g/L, disodium oxalate 0.02 g/L, and gelatin 5.0 g/L in
deionized water and was prepared as described previously [34].
The artiﬁcial urine media was sterilized and then supplemented
with 1.0 g/L tryptone soya broth prepared separately to make the
total artiﬁcial urine media (AUM) [34,35]. Colonies of P. mirabilis
and E. coli were each inoculated into separate ﬂasks of 75 mLs of
AUM and grown for 4 h at 37  C on a shaker at 240 rpm.
2.4. Bioﬁlm growth in catheter prototypes
We grew bioﬁlms with a co-community of P. mirabilis and E. coli
on the main drainage lumen of catheter prototypes using a
continuous ﬂow method as established by Stickler et al. [35], but
modiﬁed to accommodate a manifold of four 50 mL artiﬁcial
bladders in a vertical orientation (example artiﬁcial bladder shown
Fig. S3). The distal (non-hub) tips of the prototype catheters were
inserted through a pressure-ﬁt seal in the bottom of the artiﬁcial
bladders; they were inserted approximately 4 cm into the bladder
to ensure the bladder would hold 30 mL before draining through
the catheter. The catheter prototypes, artiﬁcial bladders, and all
associated supply and drain tubing were sterilized and placed in a
Class II biosafety cabinet. The bladders and prototypes were
maintained at 37  C in a mini-incubator. The bladders each held a
30 mL reservoir of infected media that would overﬂow into the
distal tip of the catheter prototype and then drip-feed through the
main drainage lumen of the prototypes as fresh media was added to
the bladder. The system was primed with AUM, and then inoculated
with 4 h cultures of 5 mL of P. mirabilis and E. coli, each introduced
into the artiﬁcial bladder. The bacteria were left for 1 h to allow
attachment and infection of the bladders and catheters. The model
was then run continuously at a ﬂow rate of 0.5 mL min1 supplied
via peristaltic pumping until the desired time point when a thick
bioﬁlm was visible through the walls of the prototype, or a system
blockage occurred. All bioﬁlm growth was conducted in a sterile
biosafety cabinet. The sterility of the artiﬁcial bladder growth system was conﬁrmed by control runs without bacterial inoculation;
no deposition was visually observed and microscopic examination
conﬁrmed no bioﬁlm was formed on control samples.
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2.5. Actuation testing
For the samples undergoing only one round of bioﬁlm removal,
the prototypes were gently removed from the artiﬁcial bladders
and kept covered in a hydrated state. The samples were suspended
vertically, and artiﬁcial urine media was introduced into the upper
end at a ﬂow rate of 4 mL min1 for 1 min (Fig. S3). Samples
designated for inﬂation were rapidly inﬂated to a pressure of 80 kPa
and then deﬂated 10 times at 0.6 s1 to achieve 35% average strain,
each inﬂate/deﬂate cycle taking less than 1 s, approximately 20 s
into the 1 min rinse. Inﬂation was conducted hydraulically using a
syringe-delivered, pre-determined volume of water. Prototype
samples were weighed before bioﬁlm growth, before rinse, and
after the rinse in order to assess the weight of bioﬁlm grown and
removed. The efﬂuent from each sample's rinse was also collected.
We centrifuged the efﬂuent, removed the liquid supernatant, and
weighed the remaining bioﬁlm as another measure of bioﬁlm
removal. Samples were then dissected into tip, top, middle and
bottom sections. 1 mm thick sections for cross-sectional views of
the main lumen and 1 cm long sections that were ﬁlleted in half for
longitudinal views of the main lumen were sliced from the top,
middle, and bottom sections. Those sections, in addition to cross
sectional views of the tip, were then optically photographed. Image
analysis to quantify the bioﬁlm occlusion of the luminal crosssectional area was conducted using representative images of unstained cross-sections and ImageJ version 1.49v (rsbweb.nih.gov/ij/
). Brieﬂy, the image contrast was increased by 0.3% to highlight the
bioﬁlm, and the image was rendered as a binary image to show
distinct areas with and without bioﬁlm. ImageJ's area fraction
measurement function was then applied to the luminal crosssectional area. Additional pieces from the top, middle, and bottom were stained with 0.01% crystal violet for 10 min and rinsed 2
times with DI water before similar slicing for cross sectional and
longitudinal views. Representative longitudinal, crystal violet
stained samples were carefully cut to excise the main lumen from
the catheter shaft to allow ﬂattened views of the bioﬁlm coverage
of the main lumen. Stained sections were also optically photographed, and selected sections were examined on the phase microscope at 10x magniﬁcation.
Fresh prototype catheter samples were fabricated to undergo
two rounds of bioﬁlm removal. The co-community bioﬁlm of
P. mirabilis and E. coli was grown on the main drainage lumen of
catheter prototypes using the same continuous ﬂow method
described above. We utilized inﬂation actuation as described above
to remove the bioﬁlm from all samples once the bioﬁlm formed. We
then replaced the consumed supply of AUM with a fresh supply of
AUM, and emptied the drainage collection ﬂask before re-starting
the peristaltic pump at the same ﬂow rate of 0.5 mL min1. Once
the co-community bioﬁlm regrew (after approximately 24 h), we
stopped the ﬂow. The artiﬁcial bladders and the catheter samples
were carefully removed from the ﬂow loop and all catheters were
rinsed with AUM supplied into the artiﬁcial bladder at a ﬂow rate of
4 mL min1 for 1 min. Samples designated for inﬂation were rapidly
inﬂated to a pressure of 100 kPa and deﬂated 10 times to achieve
40% strain approximately 20 s into the 1 min rinse. The efﬂuent
from each sample's rinse was collected and samples were then
dissected as described above. Image analysis to quantify the bioﬁlm
occlusion of the luminal cross-sectional area was conducted as
described above.
2.6. Statistical analysis
Statistical comparisons were conducted using GraphPad Prism 5
(USA). Group means were compared by two-tailed, unpaired t-tests
with Welch's correction to account for potentially unequal
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variances. “*” denotes P < 0.05, “**” denotes P < 0.01 and “***”
denotes P < 0.001 where shown in ﬁgures. Data are presented as
mean ± standard deviation in bar and line graphs.
3. Results and discussion
3.1. Shaft design
As depicted in Fig. 1, we have proposed a simple but new
concept for a urinary catheter prototype capable of releasing bioﬁlms by means of active actuation of elastomers [34]. The design is
based on equipping the catheter with inﬂation lumens between the
inner main lumen and outer catheter wall (Fig. 1a). After infectious
bioﬁlms form on the surface of the main drainage lumen (Fig. 1b),
we pneumatically or hydraulically actuate the inﬂation lumens to a
controlled level of strain for multiple inﬂate/deﬂate cycles (Fig. 1c).
As a consequence, the bioﬁlm is debonded from the surface of the
main lumen and then easily removed by a minimal ﬂow of liquid
(e.g., urine generated by a patient, Fig. 1d), thereby clearing the
urine drainage lumen for continued use.
In our previous work, we found that active surface deformation
effectively detaches mature crystalline urinary bioﬁlms from ﬂat
and curved surfaces of silicone elastomers. We also showed that
both the strain rate and strain level generated by actuation has a
signiﬁcant inﬂuence on bioﬁlm debonding [34]. The bioﬁlm
debonds once the energy release rate exceeds the adhesion
strength between the bioﬁlm and the substrate. Since this validation of the general concept for bioﬁlm release, we have focused, and
report herein, the development of designs for a new generation of
urinary catheters with the ability of on-demand bioﬁlm release.
The small cross section of the catheter and the limitations of the
manufacturer's capabilities required us to carefully optimize the

design, while the design process itself revealed new and fundamental insights about inﬂation and bioﬁlm debonding performance
in constrained regions.
In order to actuate the maximum area of the drainage lumen's
surface within the catheter, we designed the inﬂation lumens to
underlie as much of the perimeter as possible. We used the ﬁnite
element models to predict inﬂation performance and the resultant
strains in the wall of the main lumen. We ﬁrst designed a twoinﬂation-lumen catheter, in which each inﬂation lumen takes up
almost half of the perimeter of the catheter (see Fig. 2a). The ﬁnite
element model clearly demonstrated that, after an initial increase
of the surface strain on the surface of main drainage lumen, as
inﬂation pressure increased, the surface strain stops increasing at
~15% due to the interfering contact of the two walls in the conﬁned
space of the drainage lumen (Fig. 2c). From our previous study, we
know that the bioﬁlm debonds once the energy release rate, G,
exceeds the adhesion strength between the bioﬁlm and the substrate due to applied strain, and Gfmf ε2 H (where mf is the storage
modulus of the bioﬁlm, ε is the applied strain in the substrate, and
H is the bioﬁlm thickness) [33]. We found that the majority of the
bioﬁlm debonds once the applied strain in the substrate reaches a
“critical” value, εc [33]. For instance, in mucoid bioﬁlms such as
E. coli, the majority of the bioﬁlm debonds at a critical strain of 15%
(although critical strain can vary depending upon bioﬁlm thickness
[33] and substrate modulus [36]); and in crystalline bioﬁlms such
as P. mirabilis, the critical strain is approximately 25% [34]. We
desired to exceed 30% strain as a conservative design goal [34].
We considered programmed, sequential inﬂation of the twoinﬂation-lumen design to achieve the desired critical strains, but
this caused large distortion of the cross-section outer diameter
(Fig. S4). Therefore, to limit interference between inﬂated lumens,
we reduced the perimeter length of the individual inﬂation lumens

Fig. 1. Schematic of a urinary catheter capable of on-demand removal of infectious bioﬁlms via active deformation. (a) Cross-section of the designed urinary catheter shaft with
intra-wall inﬂation lumens. (b) Bioﬁlm forms on the surface of urine drainage lumen after 1e2 days. (c) Actuation of inﬂation lumens by pumping air or water to generate large
mismatched strains between bioﬁlm and the surface of main lumen to debond the bioﬁlm from the urine drainage lumen. (d) The detached bioﬁlm is removed by the ﬂow of urine
once the inﬂation lumens are deﬂated. Therefore, the catheter can be maintained free of mature bioﬁlms for long-term use and thereby may reduce the risk of catheter-associated
urinary tract infections.
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Fig. 2. Finite element models show that a four-inﬂation-lumen design for a urinary catheter shaft achieves higher levels of tensile strains along circumferential direction in the
urine luminal surface than a two-inﬂation-lumen design at the same inﬂation pressure. (a) Cross-section of catheter shaft with two intra-wall inﬂation lumens. (b) Predicted strains
along circumferential direction in the urine luminal surface of the two-lumen catheter from ﬁnite element model when both inﬂation lumens are simultaneously inﬂated by a
pressure of 60 kPa. (c) Predicted average strain along circumferential direction in the urine luminal surface as a function of the inﬂation pressure for the two-inﬂation-lumen
conﬁguration. (d) Cross-section of catheter shaft with four inﬂation lumens. (e) Predicted strains along circumferential direction in the urine luminal surface of the four-lumen
catheter from the ﬁnite element model when four inﬂation lumens are simultaneously inﬂated by a pressure of 80 kPa. (f) Predicted average strain along circumferential direction in the urine luminal surface as a function of the inﬂation pressure for the four-lumen conﬁguration.

while increasing the number of inﬂation lumens to four (Fig. 2d).
Using ﬁnite element models (Fig. 2e), we predicted that the strains
along the internal surface of the drainage lumen would reach
greater than the desired 30% strain at a pressure load of approximate 70 kPa (assuming silicone with a shear modulus of 0.68 MPa).
Health care providers easily achieve 70 kPa using common hospital
syringes, so we moved forward with a four-inﬂation-lumen design.
It was also readily apparent that the luminal surface overlying the
walls between the inﬂation lumens could not be inﬂated during the
actuation process. However, high compressive strains in these regions were expected due to the inﬂation on either side of these
regions (i.e. inﬂation on either side “squeezes” the in-between wall
area) (Fig. 2e). We thus hypothesized that the bioﬁlm overlying the
wall area would also debond from the substrate surface due to the
large mismatched strain introduced by compression.

3.2. Catheter fabrication
We contracted with Vesta Inc. (Lanham, Maryland, USA) (which
routinely extruded silicones for the medical industry) to produce a
series of iterations of the multi-lumen catheter shafts for our

prototypes. Based on manufacturing limitations in fabricating highaspect-ratio inﬂation lumens, we optimized the shape of cross
sections of the inﬂation lumens for manufacturing using both ﬁnite
element simulations and laboratory experiments with fabricated
prototypes (see Section S5, Fig. S5, and Fig. S6). We ﬁrst modeled,
and then fabricated, catheter prototypes using a 50 durometer
silicone (Dow Corning two-part, platinum-catalyzed Class VI silicone feedstock; 50 durometer extrusion from Vesta Inc.), but found
the inﬂation required a higher inﬂation pressure than was manually
achievable (Fig. S5). We repeated the ﬁnite element modeling and
fabrication using a “softer” 35 durometer silicone and achieved
sufﬁcient inﬂation at a reasonable 70 kPa (Fig. S6). The 35 durometer catheter prototypes, however, exhibited excessive outward
inﬂation (change in external diameter) (Fig. S6b). Therefore, we
ﬁnally added a thin-walled, higher-modulus (65 durometer)
“sheath” to the outside of the catheter to constrain the deformation
of the outer surface (Fig. 3b).
We further employed ﬁnite element models to estimate the
strains under different inﬂation pressures of the cross-section of
the optimized, ﬁnal version of the urinary catheter shaft, which has
four inﬂation lumens and was made of low modulus silicone (35
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Fig. 3. Experimental testing of a catheter shaft agrees well with the numerical prediction of strain in the central luminal surface as a function of inﬂation pressure. (a) Cross-section
and ﬁnite element model for a silicone urinary catheter shaft with four inﬂation lumens. Strain contour plot from ﬁnite element model subjected to an inﬂation pressure of 80 kPa.
(b) Digital photograph of the cross-section of a catheter shaft made of 35 durometer, low modulus silicone and constrained with a 65 durometer, high-modulus silicone sheath; and
a representative image of its proﬁle when inﬂated to 80 kPa. Scale bar indicates 1 mm. (c) Calculated and experimental average strains along circumferential direction in the central
luminal surface. (d) The increase in the outer radius of the shaft as a function of applied inﬂation pressure.

durometer) and constrained with a high-modulus (65 durometer)
silicone sheath. Fig. 3c shows the average strains obtained as a
function of the applied hydraulic pressure. The elastomer for the
sheath was assumed to be a Neo-Hookean material with a shear
modulus of 2.44 MPa (Fig. S1b). Simulation results conﬁrmed that
the inﬂated wall easily achieved substrate strains sufﬁcient to
debond crystalline bioﬁlms (e.g., greater than 30% strain) over most
of the surface (Fig. 3c). As shown in Fig. 3d, the change in the outer
radius of the shaft at higher pressure was dramatically reduced
with the added sheath. We experimentally actuated the catheter
with sheath using colored water and veriﬁed that the numerical
results agree well with experimental data in the relevant range
(Fig. 3c and d) and exhibited similar appearance during the inﬂation process (Video S1 and Fig. S7). Fig. 3b shows the deformation
proﬁle of the four inﬂation lumen catheter, which is similar to the
proﬁle predicted by the strain contour plot at 80 kPa as shown in
Fig. 3a.
Supplementary data related to this article can be found online at
http://dx.doi.org/10.1016/j.biomaterials.2015.10.070.
3.3. Bioﬁlm debonding
We next experimentally demonstrated the efﬁcacy of the new
catheter in debonding a mixed community bioﬁlm of P. mirabilis
and E. coli from the main drainage lumen surface of the catheter
prototype in an in vitro bioﬁlm model. E. coli is present in up to 90%
of diagnosed urinary tract infections, and P. mirabilis is another
frequent infecting bacterium that can accumulate in thickness
sufﬁciently to block the urinary catheter causing trauma, leakage,
polynephritis, and septicemia while overall being very difﬁcult to
treat [2,10]. We chose P. mirabilis and E. coli to represent a
challenging-to-remove and yet typical mixed community bioﬁlm.
Additionally, the two species have been shown to be non-

interfering in a urinary catheter model, so we hypothesized that
they would form a robust mixed-community bioﬁlm [2,10]. We
employed an artiﬁcial bladder bioﬁlm growth model modiﬁed to ﬁt
our prototypes. The model fed infected artiﬁcial urine downward
through prototypes (Fig. S3) at a rate of 0.5 mL min1, and after
approximately 30 h achieved uniform bioﬁlm distribution around
the perimeter and down the length of the main lumen (see Fig. 4a
for uninﬂated control sample). Our previous experiment with a
similar bioﬁlm growth model with only P. mirabilis had required
approximately 42 h to achieve a mature bioﬁlm [34], and after
accounting for the differences in geometry and dimensions it
appeared that the two bacterial strains exhibited a mild synergistic
inﬂuence on bioﬁlm growth.
Once a mature bioﬁlm was clearly visible covering the interior of
the catheter, we gently removed the catheters from the artiﬁcial
bladders and mounted them vertically for rinsing and testing (see
Fig. S3c). Each catheter was rinsed with artiﬁcial urine media
supplied at 4 mL min1 for 1 min. Catheters that we designated for
inﬂation/actuation, were rapidly inﬂated to 80 kPa and deﬂated 10
times, achieving an average of approximately 35% strain, at 20 s into
the rinse (see supplemental videos). The debonding of the bioﬁlm
due to the actuation and the subsequent removal of the bioﬁlm in
the efﬂuent was visually observed through the walls of the catheter.
In cases where the catheter was almost clogged with bioﬁlm, the
debonded bioﬁlm would ﬂow downward and then re-clog at the
hub. We realized that imperfections in the hub region were creating
a choke point and thus inserted a plastic tube into the main lumen
to shunt past the hub, which allowed the bioﬁlm to ﬂow out from
the catheter in subsequent runs. We collected the efﬂuent, centrifuged it (average relative centrifugal force of 716, 5 min duration,
22  C), removed the supernatant, and then weighed the remaining
bioﬁlm in order to quantify the bioﬁlm detachment (bioﬁlm mass
removed normalized to the bioﬁlm mass grown) for a particular
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Fig. 4. Prototype fouling-release urinary catheter debonds mixed community P. mirabilis and E. coli bioﬁlm. Representative optical images of the cross sections of urinary catheter
shafts with bioﬁlm intact on the main lumen of (a) control (uninﬂated) prototypes and debonded from (b) inﬂated prototypes. All catheters were rinsed at 4 mL min1 with artiﬁcial
urine for 1 min. Catheters designated for inﬂation were inﬂated to 80 kPa (approximately 35% strain) 10 times. Sections of the catheter shaft were removed and stained with crystal
violet to enhance bioﬁlm visualization. Scale bars in panels (a) and (b) indicate 1 mm. (c) Inﬂation removed a signiﬁcant fraction of P. mirabilis and E. coli bioﬁlm mass as determined
by weight of bioﬁlm in the rinse efﬂuent normalized to the weight of bioﬁlm grown in each run. Similarly, bioﬁlm occluded a large fraction of control samples' luminal crosssectional area, but was removed from inﬂated samples. N ¼ 3 replicates, “**” indicates p < 0.01.

run.
Supplementary data related to this article can be found online at
http://dx.doi.org/10.1016/j.biomaterials.2015.10.070.
Finally the catheter was removed and sectioned to facilitate
observation of the bioﬁlm on the main drainage lumen surface.
Sections from the top, middle, and bottom of the catheter shaft
were also stained with 0.1% crystal violet to enhance bioﬁlm visualization. Fig. 4 shows representative optical images of the cross
sections of control urinary catheter shaft with mixed community
P. mirabilis and E. coli bioﬁlm intact on the main lumen of a control
vs. an actuated catheter. As shown in the representative images, the
majority of the bioﬁlm accumulated in the main lumen was clearly
removed by inﬂation. We statistically analyzed the normalized
bioﬁlm mass removed and conﬁrmed that the inﬂation removed a
large fraction (z80%) of P. mirabilis and E. coli bioﬁlm mass
(p < 0.005 for N ¼ 3 replicates). Representative unstained cross
sections from each catheter were also analyzed for the fraction of
luminal cross sectional area occluded by bioﬁlm, and the image

analysis conﬁrmed that little bioﬁlm remained in the lumen of
inﬂated samples (p < 0.01, see Fig. 4c).
We visually and microscopically observed that the bioﬁlm
exhibited a predominantly crystalline composition as is typical
with mixed community bioﬁlms containing urease-producing
strains such as P. mirabilis [34,37]. In order to analyze the mechanical properties of the co-bioﬁlm, we grew the mixed community bioﬁlm on ﬂat silicone samples as previously described [34].
We tested the complex visco-elastic modulus of the bioﬁlms using
an AR G-2 Rheometer and found that the mixed community bioﬁlms demonstrated properties similar to our previous results for
single-strain P. mirabilis bioﬁlms [34]. The mixed community bioﬁlms of P. mirabilis and E. coli were predominantly elastic with a
storage modulus, G0 , of ~2.5  104 Pa and loss modulus, G00 , of
~3.9  103 Pa for the scanned frequencies (See Section S8 and
Fig. S8). We also carefully tested the adhesion strength of the bioﬁlm based on a modiﬁed scratch test (Fig. S9) [38] and found that
the co-bioﬁlm exhibited an adhesion strength of approximately

Fig. 5. Prototype urinary catheter repeatedly debonded bioﬁlms with mixed communities of P. mirabilis and E. coli. Bioﬁlms were re-grown on samples that had undergone
actuation. Samples were rinsed at 4 mL min1 of artiﬁcial urine for 1 min. Catheters designated for inﬂation were inﬂated to 100 kPa (approximately 40% average strain) 10 times.
Sections of the catheter shaft were removed and imaged, and select sections were crystal violet stained to enhance bioﬁlm visualization. (a) Representative optical images from
control samples (no inﬂation); both (i) cross section and (ii) sliced open samples show thorough bioﬁlm coverage. Scale bar indicates 1 mm. (b) Representative optical images from
inﬂated samples; (i) both cross section and (ii) sliced open samples show substantial bioﬁlm removal. (c) Inﬂation removed a signiﬁcant fraction of re-grown P. mirabilis and E. coli
bioﬁlm mass as determined by weight of bioﬁlm in the rinse efﬂuent normalized to the weight of bioﬁlm grown in each run (N ¼ 4 replicates). Likewise, bioﬁlm occluded a large
fraction of control samples' luminal cross-sectional area, but was removed from inﬂated samples (N ¼ 3 replicates). “***” indicates p < 0.001 and “*” denotes p < 0.05. (For
interpretation of the references to colour in this ﬁgure legend, the reader is referred to the web version of this article.)
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~8 J m2.

3.4. Repeated bioﬁlm debonding
To assess the performance of the catheter in repetitive
debonding of the bioﬁlm for long term use, we regrew bioﬁlm using
the artiﬁcial bladder system for 24 h after initially debonding the
bioﬁlm from all of the sample catheters after z30 h of bioﬁlm
growth. We chose to leave the catheter prototypes “in situ” in the
artiﬁcial bladders during the rinse and debonding steps to more
closely simulate clinical conditions. Artiﬁcial urine media accumulated in the artiﬁcial bladders before ﬂowing into the distal tip of
the catheter, instead of being fed directly into the distal tip. Catheters designated for inﬂation after the second round of bioﬁlm
growth were rapidly inﬂated to 100 kPa (approximately 40% strain)
and deﬂated 10 times approximately 20 s into the rinse. We again
observed bioﬁlm debonding from the main drainage lumen upon
inﬂation actuation, and collected and weighed bioﬁlm mass in the
rinse efﬂuent. Fig. 5c describes the performance of the second run
of debonding after re-growing the bioﬁlm; actuation again

removed the majority of the mixed community bioﬁlm (83.6 ± 6.2%
N ¼ 4) at a statistically signiﬁcant level (p < 0.001). The prototypes
were removed, sectioned, and optically imaged. Fig. 5a and b show
the representative optical images from cross sections that were
crystal violet stained to enhance visualization. Control samples
show thick bioﬁlm coverage and inﬂated samples conﬁrm substantial bioﬁlm removal. We again used representative unstained
cross sections from each catheter to assess the fraction of luminal
cross sectional area occluded by bioﬁlm, and conﬁrmed that little
bioﬁlm remained in the lumen of inﬂated samples (z1.9%, p < 0.05,
see Fig. 5c).
Fig. 6 shows optical images of cross sections along the length of
three representative urinary catheters' shafts; a control, a catheter
that underwent one round of bioﬁlm debonding, and a catheter
that underwent two rounds of bioﬁlm debonding. We show the
unstained cross sections since the distal tips (the end without a
hub) were not stained, but the stained cross sections had similar
results. Bioﬁlm removal clearly occurs along the length of the
catheter, thereby conﬁrming our hypothesis that the intra-wall
actuation would work along the length of the catheter.

Fig. 6. Prototype urinary catheters debond bioﬁlms with mixed communities of P. mirabilis and E. coli along the full length of the catheter shaft. Representative optical images of the
cross sections from (a) control catheter (no inﬂation), (b) ﬁrst round of inﬂation after 30 h of growth of bioﬁlm, and (c) second round of debonding after re-growing the bioﬁlm for
another 24 h. (d) Sections were taken from the prototypes at the following locations: (i) bottom, (ii) middle, (iii) top, and (iv) distal tip. Blue coloring in intra-wall inﬂation lumens is
an artifact of residual colored water used for inﬂation. Scale bars indicate 1 mm. (For interpretation of the references to colour in this ﬁgure legend, the reader is referred to the web
version of this article.)
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Additionally, the second round of bioﬁlm removal appeared to be
just as successful at removing bioﬁlm as the ﬁrst actuation. If we
compare the fraction of bioﬁlm removed for the ﬁrst round of
bioﬁlm removal against the second, we ﬁnd no statistical difference
between the data sets (N ¼ 3).
3.5. Compressive strain of the substrate to debond bioﬁlms
Previous studies have shown in several milieus that tensile
strain to the substrate can debond overlying bioﬁlm from the
substrate [33,34]. However, the shafts of these prototype catheters
represent the ﬁrst opportunity to evaluate the impact of
compressive strain on bioﬁlm debonding. Fig. 7a shows the strain
predicted by ﬁnite element models to have occurred in a catheter
inﬂated to 100 kPa, and maps the absolute value of the strain onto
the surface of the catheter after deﬂation. The area of the luminal
surface overlying the wall between intra-wall inﬂation lumens (i.e.,
the connecting wall) does not undergo tensile strain, but does
undergo a signiﬁcant amount of compressive strain. Interestingly,
the area of the luminal surface that undergoes the least strain is the
very edge of the intra-wall inﬂation lumen, where the strain transitions from tensile to compressive and presents as an area of low
absolute strain. When we examined longitudinal sections of catheters that had undergone actuation to debond bioﬁlm (see representative section Fig. 7b), it appeared that areas of the luminal
surface that we predicted had undergone compressive strain still
had debonded the majority of the bioﬁlm. We carefully excised the
luminal surface from the rest of the catheter shaft in representative
samples and took optical images (Fig. 7c) and microscope images
(Fig. 7d) and conﬁrmed that the bioﬁlm was removed in areas of
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high compressive strain, and residual bioﬁlm was at the predicted
edge of the inﬂation area where we predicted low strain values.

4. Conclusion
Active surface deformation is an efﬁcient but simple method for
detaching bioﬁlm from a silicone substrate. We demonstrated a
prototype of a multi-inﬂation-lumen urinary catheter with the
ability to debond bioﬁlms from the previously-inaccessible main
drainage lumen to keep its functionality. With the guidance of ﬁnite
element analysis and experimental testing, we developed a design
of an extrudable catheter shaft with four intra-wall inﬂation lumens that apply sufﬁcient strains to debond bioﬁlm around the
majority of the intra-luminal perimeter. We further characterized
the performance of the catheters by growing mixed community
bioﬁlms of E. coli and P. mirabilis on the main drainage lumen of the
prototypes. The catheter prototypes were a clinically relevant
dimension and removed the bioﬁlm on-demand repeatedly. The
design could be further optimized in the future with the use in
conjunction of other methods to reduce the adhesion of the main
luminal surface [4,24e27]. The ability to repeatedly remove bioﬁlm
suggests the real-world applicability of our catheter design for use
in the clinic where CAUTIs remain a challenging and pervasive
problem. Upon close inspection of the interior of the catheter, we
also discovered the ﬁrst demonstration of debonding of the overlying bioﬁlm due to compressive strain in the substrate. The new
prototype fouling-release catheter was made using readilyavailable techniques suitable to cost-effective, large-scale medical
device manufacture. Our design offers a potential non-antibiotic,
non-biologic approach to controlling bioﬁlms and thereby

Fig. 7. Compressive strain along luminal surface also debonds bioﬁlm. (a) Contour plot of nominal strains (absolute values of compressive and tensile strains) along luminal surface
during inﬂation mapped onto undeformed surface calculated from the ﬁnite element model. Compressive strain is generated in the luminal surface over the connecting walls due to
the compression from adjacent inﬂation lumens during inﬂation. Lower absolute values of strain appear at the edge of inﬂation lumens due to the transition from tensile to
compressive strain in that region. (b) Optical image of sliced-open crystal violet stained section of a catheter shaft that experienced two rounds of bioﬁlm growth and debonding.
Red, dashed box highlights the region on the luminal surface that has substantial bioﬁlm removal due to compressive strain. (c) Optical image of luminal surface excised from
catheter and ﬂattened. Scale bars in panels (b) and (c) indicate 1 mm. (d) Optical microscopic image of luminal surface overlying the boundary between the wall and the inﬂation
lumen. Dashed line shows area overlying connection wall. Bioﬁlm is visible at edge of inﬂation area, where low levels of strain were predicted by the ﬁnite element model calculations. Scale bar in panel (d) indicates 500 mm.
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reducing the persistent burden of CAUTIs.
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